tions in subglacial environments that are likely supported by redox transformations of nitrogenous compounds. For example, ex situ microcosms containing subglacial sediment sampled from the base of John Evans Glacier, Canada (51) , and from the base of Fox Glacier and Franz Josef Glacier, New Zealand (16) , were shown to consume nitrate (NO 3 Ϫ ) when incubated anaerobically at 4°C although it is unclear if the NO 3 Ϫ was assimilated (assimilatory nitrate reduction) or if the NO 3 Ϫ was utilized as an electron acceptor during respiration (respiratory denitrification). The first step in denitrification is the reduction of NO 3 Ϫ to nitrite (NO 2 Ϫ ) (e.g., nitrate reduction) which occurs via the activity of either periplasmic or cytoplasmic nitrate reductases (encoded by napAB and narGHI, respectively) (44, 66) . In respiratory denitrification, NO 2 Ϫ is sequentially reduced to dinitrogen (N 2 ) via nitric oxide (NO) and nitrous oxide (N 2 O) (66) . Denitrification is widely distributed among a polyphyletic group of bacteria and archaea (42, 66) . Consequently, small-subunit (SSU) rRNA gene primers are of little use in characterizing the diversity of populations involved in denitrification pathways (43, 52) . Thus, primers targeting narG (43) and napA (15) genes have been specifically developed to characterize the diversity of nitrate-reducing populations in natural environments.
Geochemical and isotopic analyses of subglacial meltwaters sampled from Arctic glacial systems (Midtre Lovénbreen and Austre Brøggerbreen, Svalbard, Norway) are also suggestive of NO 3 Ϫ production in the subglacial environment during an annual glacial meltcycle (21, 62) . The source of the NO 3 Ϫ produced in the subglacial system was hypothesized to be the result of the mineralization of organic nitrogen (N) with subsequent oxidation of released ammonium (NH 4 ϩ ) to NO 3 Ϫ (62). Nitrification or the sequential oxidation of NH 4 ϩ to NO 3 Ϫ via NO 2 Ϫ links the mineralization of nitrogenous organic matter to N loss from a system via denitrification (sequential reduction of NO 3 Ϫ to N 2 gas) (66) . The rate-limiting step in nitrification (the oxidation of NH 4 ϩ to NH 2 OH) is catalyzed by a suite of phylogenetically distinct lineages of Beta-and Gammaproteobacteria and in several lineages of Thaumarchaeota by the ammonia monooxygenase (AMO) (17, 30, 45) . These organisms couple the oxidation of NH 4 ϩ to the reduction of CO 2 and, thus, have an impact on both the nitrogen and carbon cycles (30, 61) . Primers targeting the amoA gene have been used to characterize the distribution, diversity, and abundance of ammonia-oxidizing bacteria (AOB) and ammonia-oxidizing archaea (AOA) in a variety of marine (36, 61) , freshwater (45) , and terrestrial environments (32, 59) . These studies and others reveal the widespread distribution of terrestrial and marine bacteria and Thaumarchaeota that are likely to be involved in nitrification and have provided compelling evidence supporting their central role in the global nitrogen cycle.
Additional evidence for a subglacial biological nitrogen cycle comes from a recent examination of organic C and organic N in sediments collected from beneath Robertson Glacier (RG), Canada (9) , which is underlain by a Devonian age sedimentary sequence consisting primarily of limestones, dolostones, and dolomitic limestones, with interbeds of shale, siltstone, and sandstone (35) . The atomic ratio of particulate organic C to particulate organic N in RG sediment was ϳ137, which is similar to organic C/N ratios in kerogen and cherts deposited during the Precambrian (2, 19) but which is elevated compared to organic C/N ratios of 10 to 20 commonly observed in shales deposited during the Devonian period in other parts of North America (24) . Elevated organic C/N ratios, such as those observed in RG sediments, are thought to reflect preferential mineralization of organic N in particulate matter relative to organic C during diagenesis (2, 19) although it is unknown if the elevated ratio in RG sediments reflects historical diagenesis of the shale (the likely source rock for the organic C and N in the sediments) or contemporary organic N mineralization followed by nitrification and denitrification.
Despite multiple independent lines of evidence suggesting the potential for microbially mediated nitrification and nitrate reduction in subglacial environments (9, 16, 21, 51, 62) , the diversity, abundance, and activity of microbial populations likely to be involved in these functional processes are not known. Here, we report the distribution, diversity, abundance, and activity potentials of microbial assemblages likely to be supported by nitrification and nitrate reduction reactions in the subglacial environment at Robertson Glacier, Canada. These results are complemented by geochemical analyses of subglacial meltwaters and subglacial sediment pore waters (PW). Together, the results suggest the presence of an active biological N cycle in subglacial sediments and indicate that the microbial communities in the subglacial sediments are a sink for N in the subglacial environment. These results highlight a potential role for microbial activity in the loss of N from the subglacial environment and may help explain the elevated C/N ratios observed in dissolved organic matter sampled from subglacial pore waters and the organic matter in subglacial sediments.
MATERIALS AND METHODS
Field site description. Robertson Glacier (115°20ЈW, 50°44ЈN) drains the northern flank of the Haig Icefield in Peter Lougheed Provincial Park, Kananaskis Country, Alberta, Canada. The glacier is approximately 2 km long, spans an elevation range from 2,370 to 2,900 m, and currently terminates on a flat till plain although glacially smoothed bedrock surfaces are exposed along the glacier margins. Two principal subglacial meltwater streams (RG eastern drainage [RE] and RG western drainage [RW]) ( Fig. 1) drain from beneath the ice front. The local bedrock is Upper Devonian in age (Mount Hawk, Palliser, and Sassenach Formations) and consists of impure limestones, dolostones, and dolomitic limestones, with interbeds of shale, siltstone, and sandstone (35, 47) . A detailed description of the hydrology, geology, and subglacial melt water geochemistry for RG was reported previously (47) .
Sample collection. Fine-grained basal sediments were collected from RE and RW at approximately 11:00 am on 9 July 2008, as previously described (6) , for use in DNA-based analyses, pore water chemistry determinations, and microcosm experiments. Briefly, sediments were collected from the terminus of the glacier where RE and RW drainages emanate ( Fig. 1) , such that the sediments could be collected from beneath the ice. Two separate sediment samples from both RE and RW were collected using a flame-sterilized spatula. Sediments were placed in sterile 1.5-ml microcentrifuge tubes (DNA-based analyses) or sterile 250-ml polypropylene bottles (microcosm-based analyses and sediment pore water chemistry analyses) and were immediately flash frozen using a dry iceethanol slurry for transport back to the field station where they were kept frozen at Ϫ20°C. The frozen samples were transported on dry ice to Montana State University (MSU), where they were stored at Ϫ80°C until further processed. The dry solid content of the subglacial sediments sampled from RE and RW drainages, as determined by drying at 80°C for 24 h, was approximately 0.82 g of dry weight per gram of wet weight sediment.
Sediment pore water chemistry. Thawed sediment sampled at ϳ11:00 am on 9 July 2008 from RE ( Fig. 1) was centrifuged (14,000 ϫ g for 15 min at 4°C) in sterile microcentrifuge bottles, and the supernatant (pore water) was collected using a sterile pipette and filtered using 0.22-m-pore-size nylon syringe filters. Concentrations of pore water-dissolved organic carbon and organic nitrogen were determined using a TOC-V (where TOC is total organic carbon) combustion analyzer equipped with a TMN1 analyzer (Shimadzu, Columbia, MD). Major cation concentrations were determined using a model 7500ce inductively coupled plasma mass spectrometer (Agilent, Palo Alto, CA) while anions (Fl Ϫ were determined using a model MT-3 segmented flow analyzer (SEALQuAAtro, West Sussex, England) calibrated daily with freshly prepared standards.
Bulk meltwater geochemistry. Bulk meltwaters were collected from RE at 11:15 am and from RW at 2:00 pm on 9 July 2008. Meltwater samples were collected in opaque high-density polyethylene (HDPE) bottles and filtered immediately in the field. pH and electrical conductivity were measured in the field by using an Orion 4 Star pH/conductivity meter and probes (ThermoScientific) designed for low-ionic-strength solutions. Aliquots for analysis of dissolved ions were filtered through 0.22-m-pore-size polyvinylidene fluoride (PVDF) filters and stored on ice in plastic scintillation vials without headspace. Aliquots were vacuum filtered through precombusted glass fiber filters (GF/F) for analysis of dissolved organic carbon (DOC) and total dissolved nitrogen (TDN). This filtrate was collected in 40-ml amber glass vials with Teflon-lined septa and acidified to a pH of ϳ2.0 with concentrated HCl.
Dissolved inorganic anions and cations (Cl , and Ca 2ϩ ) were measured using a Dionex 3000 ICS ion chromatography system (Dionex, Sunnyvale, CA) equipped with AS18 analytical and guard columns for anions and with CS12A analytical and guard columns for cations. Quantification of cations and anions was performed using certified standards (Dionex Seven Anion I and Dionex Six Cation II). DOC and TDN were analyzed by high-temperature combustion using a TOC-VPCH combustion analyzer equipped with a TMN1 analyzer (Shimadzu, Columbia, MD) and high-sensitivity catalyst. Dissolved organic nitrogen (DON) was calculated by subtracting the inorganic N species concentrations (NO 3 Ϫ and NH 4 ϩ ) from ion chromatography from the TDN obtained by high-temperature combustion.
Additional bulk meltwater samples and subglacial sediments from RE and RW were taken at ϳ12:00 pm on 14 September 2009 for geochemical and DNAbased analyses, respectively. This second sample set provided an opportunity for an initial assessment of interannual variability in certain microbial and geochemical parameters. pH and temperature were measured with a WTW 330i meter and probe, and conductivity and temperature were measured with a YSI 30 conductivity meter. Dissolved oxygen was measured with an AccuVac Ampule using a Hach DR/2400 Portable Spectrometer. Alkalinity was determined using a Hach Digital Titrator. Water was filtered using 0.8/0.2-m-pore-size Supor syringe filters (Acrodisc 32-mm PF Syringe Filter with 0.8/0.2-m Supor membrane) and collected after the filters were flushed with 20 ml of sample to minimize contamination. Aliquots used for analysis of DOC were collected in 40-ml amber borosilicate vials with silicone Teflon-lined septa and combined with 1 ml of concentrated H 3 PO 4 . Sample vials were filled to minimize headspace and sealed to minimize degassing and atmospheric contamination. DOC concentrations were measured with an OI Analytical Model 1010 Wet Oxidation TOC Analyzer, and CO 2 was obtained for quantification following the reaction of sample DOC with sodium persulfate. Samples for ion chromatography analysis of major cations (Dionex DX 120 IC System) and anions (Dionex DX 600 Dual IC System) were stored in 60-ml Nalgene bottles or 50-ml centrifuge tubes. Quantification of cations and anions was performed using certified standards (Alltech Multicomponent Certified Anion Standard Mix 6 and Dionex Combined 6 Cations Standard II). Standard deviations for IC values are based upon duplicate analyses. A field blank (18.2 M⍀ deionized water transported to the field in a 1-liter Nalgene bottle) was taken using the same equipment and techniques described above.
Nitrification potential assays. The sediment pore water chemistry of samples collected in July 2008 was used to develop an artificial base salts medium with similar chemistry to that present in sediment pore water for use in microcosm studies. The artificial pore water (PW) base salts medium consisted of NaF (6 M), KCl (31 M), MgSO 4 (86 M), CaSO 4 (271 M), MgCO 3 (5 M), and CaCO 3 (22 M) . Nitrification microcosms consisted of 120-ml serum bottles containing 75 ml of pore water base salts medium amended with 1 mM NH 4 Cl. Serum bottles were capped, sealed, sterilized by autoclaving, and cooled to 4°C. Sediments from RE ( Fig. 1 ) were thawed at 4°C overnight prior to their use in microcosm studies. Cooled PW medium was inoculated aseptically with 7.5 g of wet weight subglacial sediment (6.1 g of dry weight). Following inoculation, bottles were capped and sealed. The gas phase was replaced by purging with filter-sterilized (0.22-m pore size) air. Triplicate microcosms were incubated at both 4°C and 15°C. Killed controls were prepared by autoclaving serum bottles containing PW base salts medium and 7.5 g of subglacial sediment (25 min) and incubating the bottles at 4°C (24 h), followed by an additional round of autoclaving (25 min) and then incubation at 4°C and 15°C in the dark in parallel with the "live" experimental bottles. Approximately 2 ml of medium was removed every week via sterile syringe and needle for use in monitoring the concentration of NH 4 ϩ , NO 2 Ϫ , and NO 3 Ϫ . Samples were centrifuged (14,000 ϫ g for 2 min at 4°C) to remove particulate material and filter sterilized (0.2-m-pore-size nylon filters) prior to analysis on a model MT-3 (SEALQuAAtro) segmented flow analyzer. The detection limit for these analytes is approximately 5 to 10 ppb. Serum bottles and their contents were kept at 4°C or 15°C during all manipulations.
Nitrate reduction potential assays. Nitrate reduction microcosms consisted of 120-ml serum bottles containing 75 ml of PW medium amended with 100 M KNO 3 . Prior to sterilization, the medium was purged with N 2 gas passed over heated copper shavings (210°C) for 30 to 45 min to remove any O 2 . Bottles and PW medium were then capped, sealed, sterilized by autoclaving, and cooled to 4°C. Medium was inoculated with 7.5 g (wet weight) subglacial sediment (6.1 g of dry weight) by briefly removing the septa under a stream of sterile N 2 gas. Immediately after recapping, the headspace was degassed with filter-sterilized (0.22-m pore size) N 2 gas. Killed controls were prepared as described above for the nitrification microcosms. The microcosms were incubated at 4°C, and samples were removed and processed for nitrogen species as described above. Serum bottles and their contents were kept at 4°C during all manipulations.
Nitrogen fixation potential assays. Microcosms for use in quantifying dinitrogen (N 2 ) fixation activity consisted of 25-ml serum bottles containing 4 ml of PW base salts medium. Prior to sterilization, the medium was purged for 30 to 45 min with N 2 gas passed over heated copper shavings (210°C). The serum bottles were then capped, sealed, and sterilized by autoclaving for 30 min. Serum bottles were chilled to 4°C, the bottles were uncapped, and 3.5 g of wet weight subglacial sediment (2.87 g of dry weight) was added to each bottle using an aseptic technique. While on ice, the bottles were recapped and sealed, and the headspace was again purged with filter-sterilized (0.22-m pore size) N 2 gas for 25 min. Killed controls were prepared as described above for nitrification microcosms. Nitrogenase activity was assayed by the acetylene reduction technique (55) . The nitrogenase assay was initiated by addition of 2.5 ml of 100% O 2 -free acetylene into the headspace (final gas phase concentration of ϳ10% acetylene/ 90% nitrogen) using a presterilized gas-tight syringe. At various points during the incubation, the concentration of ethylene was determined in 50-l subsamples of headspace gas sampled with a gas-tight syringe using a model GC-8A gas chromatograph (Shimadzu Corporation, Kyoto, Japan) equipped with an 80/100 Porapak Q (Supelco, St. Louis, MO) column and flame ionization detector. The injector temperature was held at 190°C, the column temperature was held at 120°C, and the carrier gas was helium. Triplicate biological controls, an uninoculated control, and a killed biological control were incubated at 4°C and 15°C. Serum bottles were kept at 4°C or 15°C during sampling. N 2 fixation in snow-associated biomass sampled from the surface of the glacier (algal communities) was also examined. Four 500-ml bottles were packed with alga-containing surface snow during July 2008. The snow was collected from a location on the glacier surface that, when melted, would likely discharge into a crevasse in the glacier. Thus, ultimately the meltwater would be routed through the subglacial drainage system. Samples were frozen on-site using a dry iceethanol slurry and were kept at Ϫ20°C until processed. The samples were thawed at 4°C overnight, and the biomass from the melted snow was concentrated aseptically from a volume of ϳ250 ml to ϳ60 ml by centrifugation (5,000 ϫ g for 5 min at 4°C). Microcosms consisted of sterilized 25-ml serum bottles containing 4 ml of concentrated surface snow biomass (ϳ18 mg of dry solids). The bottles were capped and sealed using presterilized butyl rubber septa, wrapped in aluminum foil, and purged with filter-sterilized (0.22-m pore size) N 2 for 25 min while keeping the serum bottles and contents at 4°C. Killed controls were prepared as described for the nitrification microcosms. A total of 2.5 ml of 100% acetylene was added to the headspace of each bottle (final gas phase concentration, 10% acetylene/90% nitrogen). Triplicate biological controls, an uninoculated control, and a killed biological control were incubated at 4°C and 15°C, and ethylene production was quantified as described above.
DNA extraction and functional gene analysis. Approximately 250 mg of wet weight sediment (ϳ205 mg of dry weight) from each of the four samples collected in 2008 (two samples from each of the RE and RW sites) as well as two samples collected from RE and RW in 2009 were subjected to duplicate DNA extraction and purification as previously described (8) . Equal volumes of each duplicate extract were pooled, and the DNA associated with the pooled volume was quantified fluorimetrically as previously described (8) . The subglacial sediments collected contained approximately 22 ng of DNA per g of wet weight of sediment or approximately 30 ng of DNA per g of dry weight sediment (gdws). An approximately 450-bp fragment of the alpha subunit of the bacterial ammonia monooxygenase (amoA) gene was PCR amplified using primers amoA-1F (5Ј-GGGGTTTCTACTGGTGGT-3Ј) and amoA-2R (5Ј-CCCCTCKGSAAAGCC TTCTTC-3Ј) using an annealing temperature of 53°C (45) . An approximately 635-bp fragment of the alpha subunit of the archaeal amoA gene was amplified using primers Arch-amoAF (5Ј-STAATGGTCTGGCTTAGACG-3) and ArchamoAR (5Ј-GCGGCCATCCATCTGTATGT-3Ј) and an annealing temperature of 53°C (17) . An approximately 650-bp fragment of the membrane-bound nitrate reductase (narG) gene was amplified using the primer pair narG-1960F (5Ј-TA YGTSGGCCARGARAA-3Ј) and narG-2659R (5Ј-TTYTCRTACCABGTBG C-3Ј) and an annealing temperature of 55°C (43) . An approximately 400-bp fragment of the gene encoding the nitrogenase iron protein (nifH) was amplified using the primer pair nifH-119F (5Ј-THGTHGGYTGYGAYCCNAARGCNG AYTC-3Ј) and nifH-471R (5Ј-GGHGARATGATGGCNMTSTAYGCNGCNA A-3Ј) and a step-down PCR approach under the previously described conditions (20) . Degenerate bases in all of the above primer sets are as follows: K represents G or T; S represents G or C; Y represents C or T; R represents A or G; B represents C, G, or T; H represents A, C, T; N represents A, C, T, or G; M represents A or C. For each primer pair (with the exception of nifH, as described in reference 20), ϳ1 ng of purified genomic DNA was subjected to PCR in triplicate using an initial denaturation at 94°C (4 min), followed by 35 cycles (bacterial amoA, nifH, and narG) or 40 cycles (archaeal amoA) of denaturation at 94°C (1 min), annealing at the specified temperature (1 min), primer extension at 72°C (1.5 min), and a final extension step at 72°C (20 min). The final reaction mixture (50 l) contained 2 mM MgCl 2 (Invitrogen), 200 M each deoxynucleotide triphosphate (Eppendorf, Hamburg, Germany), 0.5 M each forward and reverse primer, 0.4 mg ml Ϫ1 molecular-grade bovine serum albumin (Roche, Indianapolis, IN), and 0.25 units of Taq DNA polymerase (Invitrogen) in 1ϫ PCR buffer (Invitrogen). An equal volume of each replicate PCR amplification using DNA from RE ( Fig. 1 ) sampled in July 2008 was pooled, purified, and subjected to sequence analysis according to previously described protocols (8) .
Nucleotide sequences were translated in MEGA (version 4.0.1) (57), and the translated nucleotide sequences were aligned with the ClustalW application within MEGA specifying the Gonnet protein weight matrix with default gap extension and opening penalties. ClustalX (version 2.0.8) (31) was employed to generate pairwise sequence identity matrices for each aligned deduced amino acid sequence. Pairwise deduced amino acid sequence identity matrices were used to determine the number of unique phylotypes using DOTUR (46) with the nearest neighbor algorithm and a precision of 0.01. DOTUR was also used to estimate Simpson's index of diversity (100% sequence identities), where values of 1 indicate infinite diversity and values of 0 indicate no diversity.
qPCR. Quantitative PCR (qPCR) was used to estimate the number of archaeal and bacterial amoA templates, the number of narG templates, and the number of nifH templates associated with RE sediments sampled in 2008. Quantitative PCR generally followed the method of Mosier and Francis (38) . In brief, archaeal amoA and bacterial amoA, narG, and nifH were PCR amplified from plasmid clones specific for each gene (see Table S1 in the supplemental material) using 30 cycles of PCR as described above. The PCR products were purified and quantified fluorimetrically as described above for use in generating standard curves. Standard curves relating template copy number to threshold qPCR amplification signal were constructed for each target gene by using dilutions of two plasmid clones. The abundances of functional genes derived using standard curves generated from the two functional gene phylotypes for each target gene were similar (varied by no more than a factor of 1.5) and thus were averaged for use in calculating the average and standard deviation of template abundances from replicate qPCRs. For AOA amoA quantification, a standard curve was generated over 5 orders of magnitude from 8.6 ϫ 10 2 to 8.6 ϫ 10 7 copies of template per assay (R 2 ϭ 0.987), whereas for AOB amoA quantification, a standard curve was generated over 5 orders of magnitude from 6.2 ϫ 10 2 to 6.2 ϫ 10 7 copies of template per assay (R 2 ϭ 0.998). For nifH, a standard curve was generated over 5 orders of magnitude from 0.9 ϫ 10 1 to 1.1 ϫ 10 6 (R 2 ϭ 0.997) copies of template per assay, whereas a standard curve for narG was generated over 4 orders of magnitude from 0.6 ϫ 10 1 to 2.6 ϫ 10 5 copies of template per assay (R 2 ϭ 0.992). The detection limit for AOA and AOB amoA was ϳ20 copies of template per assay, and for nifH and narG it was ϳ5 to 10 copies per assay. qPCRs were performed in 0.5-ml optically clear PCR tubes (Corbett, Sydney, Australia) in a Rotor-Gene 3000 quantitative real-time PCR machine (Corbett) using an SsoFastTM EvaGreen Supermix (Bio-Rad Laboratories, Hercules, CA). The following cycling conditions were utilized for amoA reactions: initial denaturation (95°C for 4 min), followed by 40 cycles of denaturation (95°C for 45 s), annealing (at 53°C for bacterial and archaeal amoA], 55°C for narG, and 60.9°C for nifH for 60 s), and extension (72°C for 60 s). Product specificity was verified by melt curve analysis. The template abundances reported reflect the average and standard deviation of three replicate qPCR analyses for each functional gene.
Nucleotide sequence accession numbers. Nucleotide sequences have been deposited in the GenBank, DDBJ, and EMBL databases under accession numbers HQ650066 to HQ650079 (archaeal amoA), HQ650005 to HQ650022 (bacterial amoA), HQ650023 to HQ650065 (narG), and HQ650080 to HQ650083 (nifH) (see Tables S1 and S2 in the supplemental material).
RESULTS
Subglacial bulk meltwater and sediment pore water chemistry. Saturated subglacial sediments were sampled in July 2008 from RE for use in determining sediment pore water chemistry. Ammonium (2.5 M), nitrite (0.3 M), and nitrate (3.9 M) were detected in sediment pore water ( Table 1) , suggesting that the sediment-associated communities may be actively cycling N compounds and/or that the sediments are N limited, possibly due to microbial activity. Differences in solute concentrations between sediment pore waters and bulk subglacial meltwaters can provide insight into nutrient sources and sinks in the subglacial environment. While the dissolved organic carbon (DOC) in RE sediment pore waters (60.0 M C) was a factor of 3 greater that the DOC in RE subglacial bulk meltwaters (18.3 M C), the dissolved organic nitrogen (DON) in RE sediment pore waters (0.3 M N) was a factor of 5.5 lower than the DON in the RE bulk meltwaters (1.6 M N) ( Table 1 ). This observation suggests that the dissolved organic C is recalcitrant to microbial utilization or may indicate the preferential utilization of organic N relative to organic C in the dissolved organic fraction in sediment pore waters. Fragments of the predicted sizes were detected by PCR for each gene with template DNA extracted from all six sediment samples. This suggests the potential for these processes to occur in subglacial sediments at multiple locations close to the glacier terminus on an interannual basis. Bacterial and archaeal amoA, narG, and nifH gene amplicons obtained from RE in July 2008 were selected for further sequence and qPCR analysis since corresponding sediment pore water and bulk meltwater chemistry was available for this sample, with the following results.
(i) Archaeal ammonia monooxygenase subunit A (amoA). The abundance of ammonia-oxidizing archaeal (AOA) amoA genes in RE sediments was below the detection limit of our qPCR assay, indicating that nitrifying archaea are likely to be a minor component of the subglacial microbial community (Ͻ20 amoA gene copies per gdws Ϫ1 ). However, we were still able to amplify the gene from the sediments using 40 cycles of traditional PCR, and after pooling and purifying three replicate PCRs, we were able to generate a high enough concentration of amoA amplicons to clone and sequence. Of the total 44 AOA amoA inferred protein sequences recovered, 14 were unique, resulting in a predicted Simpson diversity index of 0.67. The majority of AOA AmoA sequences exhibited close affiliation (98 to 100% sequence identities) with clones previously recovered from the sediments and water column at sev- eral sites in the San Francisco North Bay estuary (see Table S1 in the supplemental material). Among cultivated isolates, the AOA AmoA sequences were 95 to 96% identical to the AmoA sequence from Nitrosopumilus maritimus SCM1 (see Table S2 ), a marine chemolithotrophic nitrifier (30) . It is unclear what physicochemical parameters in the RG subglacial environment would select for nitrifying organisms similar to this marine strain, considering that the RG subglacial meltwaters exhibit conductivities ranging from 15 to 50 S cm Ϫ1 (Table 1) , which are typical of freshwater environments.
(ii) Bacterial ammonia monooxygenase subunit A (amoA). Ammonia-oxidizing bacterial (AOB) amoA genes were detected in the RE sediment sample at an abundance of 1,602 Ϯ 62 copies gdws Ϫ1 . The bacterial amoA genes recovered from RE subglacial sediment were considerably more diverse than the archaeal amoA genes sampled from the same site. Of the 36 AOB amoA inferred protein sequences obtained, 18 were unique, resulting in a predicted Simpson diversity index of 0.94. Roughly 35% of the bacterial AmoA sequences exhibited close affiliations with environmental clones recovered from sediments sampled from the San Francisco Bay estuary, with another 32% exhibiting affiliation with sequences from freshwater sediment environments (see Table S1 in the supplemental material). The remaining 33% of the AOB AmoA sequences exhibited affiliation with clones obtained from terrestrial soils. Among cultivated organisms, the AOB AmoA sequences were most closely affiliated (Ͼ90% sequence identities) to AmoA from organisms within the betaproteobacterial order Nitrosomonadales (see Table S2 ).
(iii) Dissimilatory nitrate reductase subunit G (narG). NarG-encoding genes were detected in RG sediments at an abundance of 662 Ϯ 49 copies gdws Ϫ1 . Of the 49 narG inferred protein sequences obtained, 43 were unique, resulting in a predicted Simpson's diversity index of 0.98. The RE subglacial sediment-associated NarG sequences differed from each other by up to 59% sequence identity (average sequence identity is 63.2%). Compared to environmental clones, the majority of the RG NarG sequence phylotypes were most similar (70 to 95% sequence identities) to sequences recovered from sediment environments and from invertebrate gut environments (see Table S1 in the supplemental material). Intriguingly, two of the NarG phylotypes were similar (93% sequence identities) to environmental clones recovered from a soil developed on the forefield of a retreating Alpine glacier (13) . All of the NarG sequences were generally distantly related to NarG from cultivated bacteria, as indicated by the average percent identity of 84% (see Table S1 ). The majority (47%) of RG NarG sequences were most closely affiliated (75 to 96% sequence identities) with NarG from Polaromonas spp., a genus within the betaproteobacterial order Burkholderiales (see Table S2 ), with cold-tolerant members isolated from Arctic and Antarctic environments (25, 49) . The remaining RG NarG sequences exhibited close relation to Gamma-and Deltaproteobacteria, as well as Actinobacteria.
(iv) Nitrogenase iron protein (nifH). NifH-encoding genes were detected in RG at an abundance of 311 Ϯ 23 copies gdws Ϫ1 . A total of 11 nifH inferred protein sequences were obtained from the RE subglacial sediments, of which four were unique, resulting in a predicted Simpson diversity index of 0.60. Interestingly, the RG NifH sequences were most closely related to NifH sequences recovered from geothermal springs in Yellowstone National Park, Wyoming (see Table S1 in the supplemental material). Compared to nifH inferred protein sequences from cultivated organisms, 10 of the 11 sequences were most closely affiliated (94 to 95% sequence identities) with NifH from Methylocella silvestris (see Table S2 ), a mesophilic alphaproteobacterium within the order Rhizobiales.
Potential inorganic nitrogen compound transformation rates. (i) Potential nitrification rates. Potential nitrification rates were determined in microcosms containing subglacial sediments in artificial pore water with minimal nutrient amendment. Ammonium was added to each sample to initiate the microcosm experiment, and NH 4 ϩ , NO 2 Ϫ , and NO 3 Ϫ concentrations were monitored in microcosms incubated at both 4°C and 15°C ( Fig. 2A and B, respectively) . A significant (P ϭ 0.05) decrease in NH 4 ϩ concentration and a stoichiometric and significant (P Ͻ 0.01) increase in NO 2 Ϫ concentration was observed over the period of 17 to 39 days of incubation at 15°C. Over this duration, the rate of NH 4 ϩ removal was 0.43 Ϯ 0.05 mol N gdws Ϫ1 day Ϫ1 , and the rate of NO 2 Ϫ production was 0.42 Ϯ 0.06 mol N gdws Ϫ1 day Ϫ1 . Assuming that the ammonia oxidation activity associated with microcosms is attribut- able to AOB (AOA amoA genes were at least 3 orders of magnitude less abundant than AOB amoA), that AOB in RE sediments encode 2.5 copies of amoA per genome on average (40) , and that AOB are not growing (AOB template abundance did not change during course of incubation [data not shown]), the maximum potential rate of ammonia oxidation in RE sediments observed over the 17-and 39-day incubation time was 28.1 pmol of NH 4 ϩ oxidized per cell h Ϫ1 . At 39 days of incubation, oxidation of NH 4 ϩ had ceased, and oxidation of NO 2 Ϫ to NO 3 Ϫ had commenced, as indicated by a significant (P Ͻ 0.01) increase in NO 3 Ϫ concentration and the NO 2 Ϫ concentration reaching a plateau. At 61 days of incubation, the oxidation of NO 2 Ϫ appeared to terminate, with roughly 90% of the added NH 4 ϩ converted to NO 2 Ϫ and ultimately NO 3 Ϫ over this period.
Ammonia oxidation in microcosms incubated at 4°C commenced between 75 and 98 days, as indicated by a significant (P ϭ 0.02) decrease in NH 4 ϩ concentration and a near stoichiometric and significant (P Ͻ 0.01) increase in NO 2 Ϫ concentration ( Fig. 2A) . Maximal nitrification activity was observed during the period spanning 105 and 117 days of incubation, with a NH 4 ϩ oxidation rate of 0.28 Ϯ 0.04 mol N gdws Ϫ1 day Ϫ1 and a NO 2 Ϫ production rate of 0.12 Ϯ 0.19 mol N gdws Ϫ1 day Ϫ1 . Assuming that the ammonia oxidation activity associated with microcosms is attributable to AOB and that AOB encode 2.5 copies of amoA per genome on average (40), the maximum potential rate of ammonia oxidation in RE sediments observed between days 105 and 117 was 10.1 pmol of NH 4 ϩ oxidized per cell h Ϫ1 . A significant increase (P ϭ 0.01) in NO 3 Ϫ concentration was observed at 117 days compared to the concentration at 105 days. A comparison of the maximal rate of nitrification, as measured by NH 4 ϩ oxidation, revealed a statistically insignificant difference (P ϭ 0.25) between microcosms incubated at 4°C or 15°C. Thus, the primary difference in nitrification in microcosms incubated at 4°C and 15°C was in the lag phase, which was approximately three times shorter at 15°C than at 4°C.
(ii) Potential nitrate reduction rates. Potential nitrate reduction rates were determined in microcosms containing subglacial sediments in artificial pore water with minimal nutrient amendment. Nitrate was added to each sample to initiate the microcosm experiment, and the concentrations of NH 4 ϩ , NO 3 Ϫ , and NO 2 Ϫ were monitored in microcosms incubated at 4°C only since previous experiments showed nitrate utilization in subglacial sediments sampled from a polythermal glacier with broadly similar physicochemical properties when they were incubated in the presence of NO 3 Ϫ at 4°C (51) . A significant (P ϭ 0.02) decrease in NO 3 Ϫ concentration and a significant (P ϭ 0.04) and stoichiometric increase in NO 2 Ϫ were observed over the incubation period spanning 33 to 43 days when incubation was at 4°C (Fig. 3) . Over this duration, the rate of NO 3 Ϫ removal was 18.5 Ϯ 8.1 nmol of N gdws Ϫ1 day Ϫ1 , and the rate of NO 2 Ϫ production was 19.1 Ϯ 1.0 nmol of N gdws Ϫ1 day Ϫ1 , indicating that the NO 3 Ϫ was being converted to NO 2 Ϫ and was not being assimilated. Importantly, no increase in NH 4 ϩ concentration was noted during the incubation period, and no change in soluble inorganic N was noted, indicating that the further oxidation of NO 2 Ϫ to a gaseous substrate (NO, N 2 O, and N 2 ) during denitrification or that production of NH 4 ϩ from NO 2 Ϫ during ammonification had yet to commence, assuming that organisms in the sediment community have the capacity to perform such reactions at 4°C. Unfortunately, we could not determine if either of these two processes was occurring in the RE sediments since frequent sampling during the early stages of the incubation precluded additional sampling beyond 55 days.
(iii) Potential nitrogen fixation rates. The potential for nitrogen fixation in microbial communities associated with subglacial sediments and surface snow algal communities was assessed using the acetylene reduction technique. Even when microcosms were incubated for 240 days at 4°C and 15°C, ethylene was not observed to accumulate in the headspace of either set of microcosms (data not shown).
DISCUSSION
The presence of populations capable of nitrification and nitrate reduction in subglacial environments was initially suggested by ex situ microcosm experiments (16, 51) and nutrient budgets derived from geochemical and isotopic studies (21, 23, 62) . Elevated organic C/N ratios in sediments sampled from beneath RG (9) also suggested the potential for recent microbial depletion of N in the organic matter, presumably through mineralization followed by nitrification and denitrification although further analysis of subglacial sediments is required to confirm this. The detection of both archaeal and bacterial amoA, narG, and nifH genes in sediments sampled from RE and RW in both July 2008 and September 2009 provides the first genetic evidence in support of a role for microorganisms in the subglacial nitrogen cycle.
Bacterial AmoA was found to be more diverse than archaeal AmoA in sediments sampled from RG, a finding that is consistent with the Ͼ3 orders of magnitude higher abundance of bacterial amoA templates than archaeal amoA templates in the subglacial sediments. The detection of amoA genes affiliated with archaea in RG sediments as reported here is only the second account of archaea in a subglacial environment (9) and is the first report of genes affiliated with Thaumarchaeota re- (3, 32, 63, 65) . While a number of factors have been hypothesized to influence the relative abundance of AOA relative to AOB in natural environmental systems (3, 34, 38, 39) , the global controls on these two populations remain ambiguous, and it seems unlikely that the parameters that have been suggested to constrain the abundance of AOA and AOB in other environments are necessarily responsible for their observed abundances in RG. For example, AOA have been shown to predominate over AOB in fresh to slightly brackish estuarine sediments with elevated sediment organic C/N ratios of Ͼ12 (38) . However, in the freshwater RG sediments which have a sediment organic C/N ratio of ϳ137 (9), AOB predominate. Likewise, AOA were shown to be better adapted than AOB for growth under conditions of nutrient stress, including conditions where ammonia concentrations are extremely low (34) . However, in the freshwater RG sediments that have low bulk meltwater and pore water ammonium concentrations, AOB predominate. The ratio of AOA to AOB amoA genes and gene transcripts in soils has been shown to be sensitive to pH, with the shift from AOA-dominated communities to AOB-dominated communities occurring at a slightly acidic pH of 6.5 (39) . The circumneutral pH associated with samples collected in July and the shift to more alkaline pH in meltwaters sampled in September may select for bacterial nitrifiers over archaeal nitrifiers. Additional analyses of subglacial sediment pore water geochemistry in relation to AOA and AOB amoA gene abundances in glacial systems with differing physico-chemical properties (e.g., glaciers underlain by different bedrock) and sampled over a seasonal hydrological cycle will be required to elucidate the most influential controls on AOA and AOB assemblages in subglacial ecosystems.
The maximum rate of ammonia oxidation in microcosms incubated at 4°C was ϳ50% lower than the maximum rate observed in microcosms incubated at 15°C, a finding that is consistent with a number of studies that indicate a positive relationship between nitrification rate and temperature (5, 18, 33) . The mean potential nitrification rates determined for RE sediments (28.1 and 10.1 pmol of NH 3 oxidized per cell h Ϫ1 at 15°C and 4°C, respectively) were elevated relative to rates determined for a number of agricultural soils incubated at 25°C (0.20 to 13.5 fmol of NH 3 oxidized per cell h Ϫ1 ) (26, 41) and to those determined for sediments sampled from the San Francisco Bay estuary incubated at 22°C (1.6 ϫ 10 Ϫ2 Ϯ 0.7 ϫ 10 Ϫ2 to 2.9 ϫ 10 Ϫ4 Ϯ 0.6 ϫ 10 Ϫ4 fmol of NH 3 cell Ϫ1 h Ϫ1 ) (4). The differences in potential activities associated with these studies may reflect differences in the physiological state of the cells that were assayed and may be attributable to the influence of NH 4 ϩ amendment during incubation. This follows from the fact that evidence of nitrification was apparent following 1 to 3 days of incubation in microcosms containing sediment from the San Francisco Bay when they were incubated at 22°C (4) and was apparent following 7 days incubation in microcosms containing agricultural soils incubated at 25°C (26) , whereas evidence for nitrification was not apparent in RG microcosms until 17 and 105 days of incubation when they were incubated at 15°C and 4°C, respectively. The longer lag time observed in the present study is unlikely to be due to growth of nitrifiers during incubation since microcosms contained minimal nutrient amendment and since qPCR analyses of amoA abundances in sediments from microcosms sampled at the end of the experiment did not indicate a significant increase in amoA gene copy number for AOA or AOB compared to sediments sampled at the start of the incubations (data not shown). Rather, the long lag times in substrate utilization observed in RG microcosms may reflect lower basal levels of nitrification activity in situ and/or may reflect amo induction and de novo protein synthesis in response to the added ammonium. This possibility is supported by the observed low ammonium concentrations in sediment pore water and meltwaters at RG (Ͻ2.5 M), which are generally below the minimum ammonium threshold concentration (ϳ10 M) shown to be metabolized in cultures of the cultivated nitrifying bacteria (7) . Thus, the actual in situ rate of nitrification in the RG subglacial environment is likely to be lower than that reported here.
A diversity of narG genes was also detected in subglacial sediments from RG, with 7 of the 43 unique NarG phylotypes identified in RG subglacial sediments exhibiting close affiliation (ϳ95% sequence identities) with NarG clones recovered from the forefield of the geographically distinct Rotmoosferner Glacier, Austria (13 (53) and is comparable to rates determined for recently deglaciated soils from Rotmoosferner Glacier incubated at 25°C (7 nmol of N gdws Ϫ1 day Ϫ1 ; value derived by dividing 25-yr rhizosphere soil nitrate reduction rate by a factor of 23, as reported in Deiglmayr et al. [13] ). If it is assumed that two copies of narG exist per genome (42) and that ϳ50% of nitrate reduction activity observed in an environment is attributable to Nar, with the remainder attributable to Nap (based on similar abundances of narG and napA in a variety of environments [10] ), the per cell normalized nitrate reduction potentials observed in RE subglacial sediments incubated at 4°C (580 fmol of NO 3 Ϫ reduced cell Ϫ1 h Ϫ1 ) were within an order of magnitude of those observed in estuarine sediments incubated at 15°C (48 to 326 fmol of NO 3 Ϫ reduced cell Ϫ1 h Ϫ1 ) (14) . Like nitrification assays with RG sediment, there was a significant lag time (33 days) in RG microcosms prior to any measurable nitrate reduction. This lag phase is similar to the lag phase of ϳ18 days reported in 4°C incubations of melted basal ice (ice containing significant subglacial sediment) from John Evans Glacier, Canada (51) . Both of these extended lag phases likely point to lower basal levels of nitrate reduction activity in situ. Thus, as with the potential nitrification rates, the potential nitrate reduction rates reported here likely reflect the upper limit of in situ rates.
The subglacial sediments at RG are depleted in N, as indicated by elevated C/N atomic ratios of ϳ137 in particulate organic matter in the sediment (9) and by low overall concentrations of fixed N in pore waters and in the bulk meltwaters. However, concentrations of bulk meltwater nutrients, includ- , which may result in seasonal differences in N availability and N cycling processes in the subglacial environment. The dissolved organic matter in sediment pore waters reveals elevated C/N atomic ratios of ϳ210, which were an order of magnitude higher than the C/N atomic ratios of 6 to 12 in bulk subglacial meltwaters (Table 1 ). This observation may reflect the preferential utilization of N relative to C by sediment-associated microbial populations (27) . The C/N ratios in sediment organic matter and in sediment pore water organic matter, in the context of low dissolved inorganic and organic N concentrations in subglacial sediment pore water and bulk meltwater, indicate that these environments are N limited. Biological nitrogen fixation is of fundamental importance in natural ecosystems since it can relieve fixed N limitation (64) . Despite the presence of ϳ300 nifH gene copies gdws Ϫ1 , we were unable to detect N 2 fixation activity in subglacial sediments even after 240 days of incubation. The inability to fix N 2 biologically in the sediments would presumably render them as a sink for fixed nitrogen. This implies that NH 4 ϩ in subglacial environments is unlikely to be the result of localized biological N 2 fixation and, instead, results from mineral weathering sources (e.g., shales [22] ) and/or surficial input.
Despite the detection of nifH genes in DNA extracted from a supraglacial red snow algal community sampled from above a series of crevasses where supraglacial waters enter the subglacial hydrological network, attempts to detect N 2 fixation in this biomass were unsuccessful. This finding is consistent with very low surficial inputs of NH 4 ϩ , which are always less than 0.9 M and usually below detection (Ͻ0.2 M) in supraglacial meltwaters sampled in the summers of . The lack of detectable N 2 fixation activity and the temporal variability in NH 4 ϩ in RG supraglacial meltwaters may implicate an important role for exogenous sources of fixed nitrogen at RG. Large NO 3 Ϫ and NH 4 ϩ depositional events have been documented at high-latitude glaciers in Svalbard (21) , where these events were hypothesized to be an important source of N to the glacial system. Stibal et al (56) , working on a different Svalbard glacier, argue that the majority of organic carbon on the glacier surface, and thus a potential source for the subglacial system through crevasses and moulins, is allochthonous wind-blown debris. Such allochthonous organic carbon is also likely to contain significant organic N, which would then be available for mineralization with subsequent nitrification and denitrification.
In summary, the results presented here indicate the presence of a diversity of microorganisms that are likely to be supported through the redox transformation of inorganic nitrogen compounds and possibly organic nitrogen compounds. Potential rates of nitrification and nitrate reduction were similar to those measured in other cold environments such as marine sediments, suggesting that these processes in subglacial environments may be an important and previously overlooked component of the global N cycle. It is important to note that the rates determined here for RG subglacial sediments likely reflect the upper limit of in situ rates; further efforts are needed to bridge the gap between potential rates determined in laboratory microcosms and in situ rates. Previous studies have shown that coupled nitrification and denitrification in marine systems contribute the greenhouse gases NO and N 2 O to the atmosphere and thereby have the potential to influence biogeochemical cycles on glacial-interglacial timescales (1) . N 2 O production in subglacial systems is also consistent with reports of elevated concentrations of N 2 O in basal ice layers of a tropical ice core (11) . This finding was interpreted as indicating microbial N 2 O production in situ at subzero temperatures, as later demonstrated in the laboratory using the AOB Nitrosomonas cryotolerans (37) . While amoA sequences affiliated with N. cryotolerans were not recovered from RG subglacial sediments, sequences affiliated with Nitrosomonas aestuarii were, suggesting that an organism similar to N. aestuarii may contribute N 2 O to the subglacial environment. Considering that ice currently covers 11% of the terrestrial landmass and that it covered a significantly greater portion of Earth at times in the past (29) , the potential for nitrification and nitrate reduction in subglacial environments as demonstrated here furthers our understanding of the potential for these environments to contribute to global biogeochemical cycles on glacialinterglacial timescales.
